proposed an elegant mechanism for sugar transport through the phloem. In this "pressure-fl ow" hypothesis, sugars are concentrated into phloem cells adjacent to sites of photosynthesis. Th e high sugar concentration allows for the import of water via osmosis, pressurizing the system and leading to mass fl ow. At the sink, sugars are released, and water follows, thus maintaining a sourceto-sink gradient. Although the proposed mechanism is simple, its validation in vivo has proved to be exceedingly diffi cult ( Turgeon, 2010a ) . Alternatively, as opposed to being a simple pipe with one entry and one exit for sugars and water, the entire pathway has been likened to dialysis tubing ( Th ompson, 2006 ) ; in this analogy, the phloem is 'leaky' in support of delivering nutrients ( Minchin and Th orpe, 1987 ) and water to tissues encountered along the length of the pathway. Th is model is consistent with sucrose transporters aiding in loading and retrieving sucrose in both collection and transport phloem ( Ayre, 2011 ; Payyavula et al., 2011 ; Gould et al., 2012 ) . Th e cycling of solutes and water paints a picture that the phloem, far from being a sealed pipe, is a dynamic system in constant fl ux with its surrounding tissues ( van Bel, 2003 ; Pfautsch et al., 2015b ) .
Th e phloem is in constant exchange and competition with water from the xylem ( Münch, 1927 ; Hölttä et al., 2006 ; Sevanto et al., 2011 ; Pfautsch et al., 2015a ; Savage et al., 2015 ) . Water defi ciency may severely aff ect phloem translocation, possibly leading to mortality ( Woodruff , 2013 ; Sevanto et al., 2014 ) . Th us, having tight control over the permeability of the sieve tube plasma membrane would be benefi cial in accordance to the hydraulic demands of phloem and xylem conduits. Aquaporins can be gated ( Törnroth-Horsefi eld et al., 2006 ) , as well as cycle in and out of the plasma membrane ( Conner et al., 2010 ; Chaumont and Tyerman, 2014 ) ; these tendencies of water channels provide a logical mechanism for how they are able to regulate membrane permeability, leading to the dynamic adjustment of cellular pressure.
Aquaporin families exist throughout representatives of all terrestrial plant lineages ( Chaumont and Tyerman, 2014 ) . Along with being taxonomically widespread, aquaporins maintain high expression levels in plant tissue, and may account for up to 15% of plasma membrane proteins in spinach ( Monneuse et al., 2011 ) . Furthermore, their importance in cellular water exchange and CO 2 diff usion ( Uehlein et al., 2008 ) equates to their wide tissue distribution ( Fraysse et al., 2005 ) . Despite their importance, documentation of aquaporins in the phloem is sparse ( Jones and Mullet, 1995 ; Barrieu et al., 1998 ; Kirch et al., 2000 ; Otto and Kaldenhoff , 2000 ; Fraysse et al., 2005 ) , with few studies suggesting a role in phloem loading ( Fraysse et al., 2005 ; Hachez et al., 2008 ) and unloading ( Zhou et al., 2007 ) . However, according to Patrick et al. (2001) and Fraysse et al. (2005) , the regulation of water channels in sieve elements may be a necessary adjustment to fl uctuations in xylem pressure due to variations in transpiration. Because the generation of solute and pressure gradients in sieve tubes is inherently coupled to water fl ow across the sieve element plasma membrane, these ideas deserve further study.
As a fi rst step toward exploring whether aquaporins are involved in regulating the permeability of sieve element plasma membranes, we characterized the cellular and subcellular localization of plasma membrane intrinsic proteins (PIPs). In particular, we were interested in studying the subfamilies, PIP1 and PIP2, in the phloem of balsam poplar ( Populus balsamifera L.). In support of assessing hypotheses related to radial water exchange between xylem and phloem, we studied mostly transport phloem, particularly the phloem of petioles. To assess the hypothesis that aquaporins are helping to maintain pressure homeostasis throughout the sieve tube conduit, we measured the internalization of PIP1s over a diurnal cycle.
MATERIALS AND METHODS
Plant material -Balsam poplar stem cuttings were obtained from Alberta-Pacifi c Forest Industries (Boyle, Alberta, Canada) in February of 2015 and 2016. Th e clones were from rootstock at least ten years old, and the stems collected for cuttings were one year old. Stem segments 10 cm long were collected and sealed in a plastic bag until ready to be rooted. Cuttings were propagated following specifi cations used to maximize rooting success in hybrid poplars ( DesRochers and Th omas, 2003 ) : Segments were allowed to soak in tap water for two days prior to transplantation in a medium of equal parts perlite/vermiculite/Sunshine soil mixture #4 (Sun Gro Horticulture, Agawam, Massachusetts). For plants grown in 2015, cuttings were established in a controlled growth chamber (18 ° C -21 ° C and 16 h photoperiod) for 93 d; these plants were then transferred to a greenhouse (15-32 ° C) for 88 d until organ collection. Under similar conditions, plants grown in 2016 were established 51 days in the growth chamber and 112 days in the greenhouse.
Tissue sampling and fi xation -Root, stem, petiole, and leaf lamina samples were harvested from four plants of balsam poplar on August 10, 2015 for aquaporin antibody labeling. A fresh razor blade was used to cut 1 cm long samples, which were immediately placed into individual vials of 4 ° C Formalin-Acidic acid-Alcohol (FAA), and then placed on ice. Aft er 30 min, the FAA within each vial was discarded, and replaced with fresh FAA. At the end of day, the FAA was again replaced and vials were kept in a 4 ° C refrigerator overnight. Th e following day, the FAA was replaced with fi rst 50% ethanol, and then 70% ethanol.
Sectioning, staining, and immuno-labeling -Organ samples were embedded in paraffi n using a Leica TP 1020 tissue processor (Leica Microsystems, Wetzlar, Germany). Organs were oriented within wax blocks to obtain either longitudinal or transverse sections of 7 μm thickness, using a rotary microtome. Superfrost or Probe On Plus slides (Fisher Scientifi c, Pittsburgh, Pennsylvania) were used for light or confocal laser scanning microscopy (CLSM), respectively. Slides were fl ooded with warm deionized water and the cut sections were suspended on the fl uid; slides were then allowed to dry overnight on a hotplate. Th is preparation technique allowed for a greater adherence of the tissue to the slide following immuno-labeling.
For brightfield microscopy, a modified staining procedure ( Clark, 1981 ) was used with 1% safranin O and 2% aniline blue to stain lignin and callose, respectively. Aft er staining, slides were mounted in DPX (Sigma-Aldrich, Oakville, Ontario, Canada) and Fisher Brand #1.5 coverslips applied.
Th e anti-PIP1 antibodies used in this study were affi nity purifi ed from an antiplasma membrane antiserum against the targets of the 42 N-terminal amino acids of AtPIP1;3 ( Kammerloher et al., 1994 ;  see Appendix S1A, Supplemental Data with this article, for sequence alignment). Th e conserved 10 amino acid C-terminus of the PIP2 aquaporins were used to raise the serum of the anti-PIP2 antibodies (following Daniels et al., 1994 ; Kammerloher et al., 1994 ; Appendix S1B for sequence alignment). Th e specifi city of the two antibodies was verifi ed by Western Blot analysis (Appendix S2). Briefl y, 5-10 μg of P. balsamifera shoot microsomal fraction obtained per the method described by Abas and Luschnig (2010) were denatured at 65 ° C for 30 min with 200 mM dithiothreitol (DTT) and then separated by 12% SDS-PAGE. Aft er transfer to a nitrocellulose membrane, they were incubated at 4 ° C overnight with either anti-PIP1 or anti-PIP2 primary antibodies [1/500] followed by a 2 h incubation at room temperature with secondary horseradish peroxidase antibodies [1/2000; Bio-Rad, Canada]. An Immun-Blot Opti-4CN kit (Bio-Rad, Mississauga, Ontario, Canada) was used for detection.
Following a previously described method ( Gong et al., 2006 ) , immuno-labeling was performed on prepared slides to localize PIPs. Aft er dewaxing and rehydrating tissue, 80-100 μl of PIP1 or PIP2 primary antibodies [1/80] ( Laur and Hacke, 2014b ) were applied. Th e slides were covered in Parafi lm (Bemis Company, Neenah, Wisconsin) and kept overnight in a 4 ° C refrigerator. Th e following day, samples were rinsed using a low-salt washing buff er. Alexa Fluor 488-conjugated [goat] antimouse or 568-conjugated [goat] antichicken secondary antibody ([1/100], Fisher Scientifi c) was then applied for PIP1-and PIP2-labeling, respectively, for two hours at 37 ° C before a fi nal wash. Finally, slides were mounted using Slow Fade Gold or Slow Fade Gold with DAPI (Fisher Scientifi c) and coverslips were applied. Clear nail polish was used to seal in the water-soluble media.
Super-Resolution microscopy -For super-resolution light microscopy, organ samples were fi xed and immuno-labeled as above. However, tissue was adhered directly to #1.5 22 × 22 mm glass cover slips instead of glass slides. Th e cover slips were coated with 0.01% poly l-lysine (Sigma-Aldrich) to improve tissue adherence. Once dewaxed, 50 μl of [1/80] PIP1/PIP2 antibody was applied and allowed to incubate overnight in a 4 ° C refrigerator; the next morning, 50 μl of [1/100] PIP1/PIP2 secondary antibody were applied to the cover slips, and they were allowed to incubate at room temperature for four hours.
Th e 3D-Structured Illumination Microscopy (3D-SIM) was carried out as described previously ( Fitzgibbon et al., 2010 ) . Samples were imaged using a Deltavision OMX V4 microscope (Applied Precision, Issaquah, Washington). DeltaVision OMX soft ware version 3.6 (G. E. Healthcare Limited, Little Chalfont, United Kingdom) was used for capturing images; 468 nm and 568 nm lasers were used to excite PIP2 and PIP1, respectively. Laser power was set at 1%, and exposure times were adjusted between 100-200 ms to achieve intensity counts of 2000-4000. Th e 3D-SIM technique relies on achieving a balance between signal intensity and sample integrity. Too much laser exposure will result in photo bleaching, whereas not enough exposure will diminish the signal too greatly for image reconstruction. DeltaVision soft WoRx 6.5.1 (G. E. Healthcare) soft ware was used for structured illumination image reconstruction using a Wiener fi lter of 0.001 for noise smoothing.
Confocal Laser Scanning Microscopy (CLSM) -A Zeiss LSM 700 (Carl Zeiss AG, Oberkochen, Germany) confocal microscope was used for aquaporin antibody imaging. For secondary immuno-labeling of PIP1 and PIP2, Alexa Fluor 488 was used, and then excited using a 488 nm laser. Zeiss Zen 2011 Black Edition soft ware was used for image processing. Laser power was set to 2%, and the pinhole diameter set to 1 Airy unit. Th e 488 nm laser was set to a camera gain of 650 and a rainbow coarse color channel applied. Alternatively, the 555 nm laser was activated to detect background fl uorescence; this channel was set to a camera gain of 800 and a gray color channel used. Digital off set and gain were set to one for both laser channels.
Light microscopy and image analysis -For brightfi eld imaging, a Leica DM 3000 (Leica Microsystems Inc., Buff alo Grove, Illinois) microscope fi tted with a Leica DFC 420c camera was used. Images were captured using Leica Application Suite version 4.2. Image-Pro Premier Version 9.1 (Media Cybernetics, Rockville, Maryland) was used for image processing and analysis for CLSM, 3D-SIM, and brightfi eld microscopy. Th e tiling function was used to stitch several smaller images together into one seamless mosaic. For the diurnal experiment, sieve tubes were identifi ed and categorized using CLSM images of petiole phloem taken with the rainbow coarse color scale. Images were enhanced using the HDR technique in the Zeiss ZEN Black soft ware package.
Diurnal experiment -Petioles were collected to determine if PIP1 aquaporins were cycling between plasma membrane and internal membrane spaces on a diurnal cycle. Petioles were collected from a random selection of 12 well-watered greenhouse grown plants on August 4, 2016. Care was taken not to physically agitate plants for a 24 h period prior to sample collection. Th e petiole of the seventh youngest leaf was chosen for sampling; four time periods were used for collection: 07:30, 15:30, and 24:00. Conditions during this experiment were partly cloudy to mostly sunny with light intensity varying between 137 and 1190 mol • m -2
• s −1 during the day. Aft er fi xation, petiole samples were prepared as described for the labeling of PIP1 aquaporins. Sieve elements labeled with the PIP1 antibody were traced using Image-Pro soft ware. Sieve elements within two cell layers of the cambium were omitted from the study, so as not to confound their labeling pattern with their developmental state. Intensity of antibody signal, margination, and heterogeneity tools were used to classify sieve elements into two categories: (1) sieve elements with mostly PIP1 labeling of the plasma membrane, or (2) sieve elements with mostly internalized labeling of PIP1. Generally, sieve elements would be put into the plasma membrane category if their margination value was under 0.45 (more signal closer to the margin of the cell). In all, a total of 1240, 1041, and 1225 sieve elements were categorized from the 7:30, 15:30, and 24:00 sampled petioles, respectively.
A one factor ANOVA was used to determine diff erences in the fraction of sieve elements categorized with internalized PIP1. A contingency table ( χ 2 analysis) was used to determine if aquaporin distribution was independent of the petioles sampled. Sigma Plot Version 13 (Systat Soft ware, San Jose, California) was used for analysis.
Sieve element dimensions -Sieve element length and diameter were measured using Image-Pro soft ware. For each cell membrane traced, the soft ware calculated numerous diameters across the centroid of the cell, and then averaged these values to achieve a fi nal diameter. Diameter and length measurements were made on confocal micrographs labeled with PIP1 or PIP2 antibodies.
RESULTS
Detecting PIP1 aquaporins in the phloem and xylem using CLSM -Petiole ( Fig. 1 ) , leaf lamina (Appendix S3), and stem ( Fig.  2 ) organs showed a similar pattern of aquaporin labeling, and their cell types were categorized together ( Table 1 ) . In transverse sections, sieve elements could be positively identifi ed through their agglomerations (slime plugs) at the sieve plate ( Fig. 1A, C,  asterisk ) . Th e PIP1s labeled a majority of cell types in the phloem as well as xylem rays ( Fig. 1B ) . Phloem cell labeling included phloem parenchyma, companion cells, and sieve elements ( Fig.  2A, B ) . Th e cellular distribution of PIP1 had a high degree of variability; some sieve elements had a consistent internal signal throughout their length, whereas others had areas devoid of any signal prior to the slime plug ( Fig. 2B , arrowhead) . From this longitudinal perspective, we note that cross-section views of sieve elements will sometimes have high internal membrane signaling, or sometimes none at all. Overall, PIP1s had a weaker presence of plasma membrane labeling than PIP2s (see below) and were found in higher qualitative intensities within internal compartments overall. In transverse views, the morphology of sieve elements was circular-to-oblong and of an intermediate size in comparison to other phloem cells (see Appendix 1 for measured sieve element diameters); the companion cells either exhibited a tooth or dumbbell shape (see Appendix S4 for DAPI labeled companion cells), and were the smallest of the phloem cells. As confi rmed in longitudinal sections ( Figs. 2A -C) , sieve elements oft en occurred in pairs along the same plane. In addition, a relatively higher intensity of labeling was found throughout the length of some sieve elements ( Fig. 2B ) in comparison to surrounding cells, especially when viewed close to sieve plates. Th ese longitudinal patterns provided clarity in the identifi cation of sieve elements in transverse sections.
Detecting PIP2 aquaporins in the phloem and xylem using CLSM -
Th e distribution of PIP2 aquaporins was distinct from PIP1s in terms of phloem labeling ( Table 1 ) . Within the vascular cylinder, PIP2s were only found in bundle sheath cells (Appendix S5), phloem fi bers, developing xylem vessels ( Fig. 1C ) , and sieve elements ( Figs. 1C, 2C ) . Labeling was confi ned to the plasma membrane, unless the section hit a sieve plate ( Fig. 2C ) ; sieve plates ( Figs. 1A, 2A-D asterisk) could be identifi ed from their characteristic agglomerations accompanied by an accumulation of antibody signal. From transverse sections, sieve elements grouped in distributions of 2-3 ( Figs. 1C, 2C ). Th ey either were abutted directly against each other, or were separated from one another by companion cells.
Characterizing cellular distribution of sieve element aquaporins using 3D-SIM -Double labeled, super resolution, 3D-SIM images were obtained to verify the cell level labeling of PIP1s and PIP2s ( Figs. 3, 4 ) . In agreement with CLSM, 3D-SIM longitudinal section rotations (Appendix S6) showed distinct labeling patterns between PIP1s and PIP2s; the discernment of individual aquaporin protein groups or units can be made out in 3D-view, localized to either the plasma membrane or internal membranes in sieve elements. Th e two aquaporin types were seen associated with one another, and their distribution clumped as opposed to scattered throughout the intracellular space. Double-labeled transverse ( Fig. 3B ) and longitudinal ( Fig. 3C ) sections showed a strong fl uorescence signal for PIP2s primarily in the plasma membrane, and to a lesser extent, in internal membranes of sieve elements ( Fig. 3B , arrowheads) ; in contrast, PIP1s primarily associated with internal membranes ( Fig. 3B-D ) . In agreement with CLSM images, the antibody signal within internal membranes was heavily accumulated near slime plugs of sieve plates ( Fig. 3D ) . Th e PIP1s did not always show a strict internal membrane distribution ( Fig. 4 ) ; within the same tissue section, labeling of PIP1s occurred in internal membranes only ( Fig. 4 , line i), primarily in the plasma membrane ( Fig. 4 , line ii) , or both plasma membrane and internal membranes simultaneously ( Fig. 4 , line iii) .
Diurnal cycling PIP1 aquaporins in sieve elements -To test a potential physiological response behind the cycling of PIP1 aquaporins, petioles ( N = 4 plants per time) were sampled from three time periods within a 24-hour cycle. No signifi cant diff erence was found between time periods in terms of the proportion of sieve elements showing an internalized localization of PIP1 aquaporins (F 2, 9 = 0.816, P = 0.47; Fig. 5 ) . Furthermore, the proportion of sieve elements showing internalization of PIP1s varied signifi cantly by petiole for the 7:30 h sampling (chi-square = 10.019, df = 3, P = 0.02), 15:30h sampling (chi-square = 72.142, df =0.47 3, P < 0.001) and 24:00 h sampling (chi-square = 21.935, df = 3, P < 0.001) (see Appendix 2 for contingency tables). In summary, there was more variability between individual petioles within each treatment than between the times when petioles were sampled.
DISCUSSION
PIP2s are markers of sieve tubes in poplar -Although aquaporins have been observed in the phloem of previous studies ( Otto and Kaldenhoff , 2000 ; Fraysse et al., 2005 ; Hachez et al., 2008 ; Laur and FIGURE 5 Eff ects of time period on the proportion of sieve elements (SEs) with PIP1 labeling in internalized membrane areas within sampled petioles ( N = 4 plants per time of day). Data are presented as mean ratio ± standard error. ( Chaumont and Tyerman, 2014 ) . The PIP1s travel with PIP2s from the sieve element reticulum (SER), where they are shuttled to the plasma membrane. From there, PIPs can relocate to the SER, or be destroyed in lytic vesicles (LV). (5) Radial fl ow may occur along the transport pathway, where water is exchanged between the xylem and phloem. Symbols: CC = companion cells, LV = lytic vesicle, SE = sieve elements, SER = sieve element endoplasmic reticulum, * = sieve plate, PD = plasmodesmata. Hacke, 2014b ) , details about the physiological signifi cance of their presence are largely missing. Here we show that PIP2s are prominent features of sieve tubes in poplar. What are the physiological implications of this fi nding? While we did not measure actual water fl uxes, we off er some hypotheses that may be useful in developing more realistic phloem fl ow models.
Th e control of hydrostatic pressure is at the heart of Münch fl ow ( Smith and Milburn, 1980 ) . From that perspective, it is hardly surprising to see close anatomical (and presumably functional) integration of sieve elements and water channels. Th e highly specifi c and consistent PIP2 labeling pattern observed suggests that the plasma membrane of sieve elements is highly permeable to water across the transport pathway in leaves, petioles, and stems ( Fig. 6 ) . Th is pattern is in agreement with models of phloem fl ow that emphasize the duality of phloem function: long-distance transport coupled to the local exchange of solutes and water with surrounding tissues ( van Bel, 2003 ; Th ompson, 2006 ); van Bel (2003) hypothesized that "pressure is continuously lost and built up, sustained by countless aquaporins…along the sieve tube path". Linking turgor pressures in sieve elements (e.g., Knoblauch et al., 2016 ) as it relates to aquaporin expression would be an exciting next step in this research. Of particular interest may also be the radial water exchange between xylem and phloem. Th e xylem represents an important water source needed for phloem loading. Conversely, as water and solutes are unloaded in sinks, water is circulating back to the xylem. Water 'unloading' in sinks is an important aspect of the pressurefl ow model ( Turgeon and Medville, 1998 ; Patrick et al., 2001 ; Zhou et al., 2007 ) .
While it is diffi cult to quantify radial water exchange between xylem and phloem, recent studies provide evidence for a tight hydraulic coupling between the two vascular systems ( Sevanto et al., 2011 ; Pfautsch et al., 2015a ) . Because water molecules traveling between xylem and phloem will pass membranes, future models of phloem transport could include radial water fl ow through aquaporins as a variable and infl uential component of the phloem transport system. The striking diff erences between PIP1s and PIP2s -While PIP2s were consistently observed in the plasma membrane of sieve elements, PIP1s exhibited a more complex and variable labeling pattern. One striking diff erence was that they labeled multiple cell types as opposed to just a few for PIP2s ( Table 1 ) . Why was such a diff erence observed? One hypothesis is that unlike PIP2s, PIP1s have multiple functions, including CO 2 ( Uehlein et al., 2008 ) , urea ( Gaspar, 2003 ) , and glycerol ( Biela et al., 1999 ) transport. PIP2s are also the major water transporting aquaporins ( Yaneff et al., 2015 ) and PIP1s may play a supporting role in enhancing their permeability; the PIP2 distribution may therefore be targeted to cells in need of rapid water exchange (e.g., developing vessel elements). A previous study found a similar wide distribution of labeling in leaf mesophyll and vascular tissue in cottonwood ( Laur and Hacke, 2014a ) using the same antibodies as the current study. Using diff erent antibodies also yielded a widespread mesophyll labeling pattern in rice ( Sakurai et al., 2008 ) for both PIP1s and PIP2s. Th us, the two subfamilies oft en occur together, but their roles and cellular distribution may diff er.
Th e other striking diff erence between the PIP subfamilies was of their cellular distribution. Although we did not stain internal membranes, previous reports localize aquaporins to the endoplasmic reticulum (ER) ( Zelazny et al., 2007 ; Zelazny et al., 2009 ; Chevalier and Chaumont, 2015 ) . Th e PIP1s localized to either internal membranes or the plasma membrane within sieve tubes ( Fig. 6 ) . Th ese results are in contrast to the previous report of PIP1 aquaporins found only in the plasma membranes of sieve tubes in spinach ( Fraysse et al., 2005 ) . However, the presence of PIP1s in internal membranes is consistent with numerous previous observations ( Robinson et al., 1996 ; Boursiac et al., 2005 ; Zelazny et al., 2007 ; Boursiac et al., 2008 ; Zelazny et al., 2009 ; Heinen et al., 2014 ; Laur and Hacke, 2014b ) and with our current understanding of PIP1 biology. From experiments in maize, we know that PIP1 proteins remain in the ER, and that they only relocate to the plasma membrane when they interact with PIP2 proteins ( Chevalier and Chaumont, 2015 ) . In the current study, 3D-SIM microscopy revealed the presence of PIP2s in close proximity to PIP1s within internal membranes of sieve elements ( Fig. 3D ) ; hence, this proposed traffi cking mechanism appears feasible.
One anomaly however, is the homogenous pattern of the PIP1 antibody labeling within some sieve elements. Given that aquaporins are membrane proteins, why do they oft en appear so diff use inside the cell (e.g., Figs. 2B , 3B-D )? Although sieve elements lack many organelles of other living plant cells, they still possess an extensive ER network along their margin ( van Bel, 2003 ) . Th e ER network appears amorphous when resolved with light microscopy, but is revealed as strands using electron microscopy ( Evert and Murmanis, 1965 ) . Aft er cutting, the loss of pressure is thought to cause the accumulation of parietal proteins and potentially ER against the sieve plate ( van Bel, 2003 ) . Immuno-gold labeling of aquaporins using electron microscopy has shown the presence of aquaporins near ER fi laments ( Bilska-Kos et al., 2016 ) , providing support to our observations of high aquaporin signal intensity within these so-called "slime bodies". However, this still begs the question of why there are so many PIP1s within internal compartments of sieve elements in the fi rst place? Do PIP1s have a regulatory role in phloem transport? -Intracellular traffi cking of PIPs seem to respond to hormonal and environmental stimuli, including osmotic stress ( Luu et al., 2012 ; Ueda et al., 2016 ) . In mammals, traffi cking of Aquaporin 1 (AQP1) to and from the plasma membrane also occurs in response to changing osmotic environments ( Conner et al., 2010 ) . In poplar, coexpression of a PIP1 protein with proteins from the PIP2 subfamily resulted in an increase in membrane permeability beyond the level observed with PIP2 alone in seven out of eight tested interactions ( Secchi and Zwieniecki, 2010 ) . Th us, changes in the localization pattern of PIP1 may respond according to environmental factors, which coincides with an adjustment of water fl ow into or out of the cell.
We therefore hypothesize that PIP1s support PIP2s in acting as dynamic regulators of membrane permeability and hydrostatic pressure in sieve elements. To maintain phloem pressure homeostasis, PIP1s may enter or leave the plasma membrane to increase or decrease membrane permeability. Th e hypothesis could be tested by combining immuno-localization experiments with the blockage treatments described by Gould et al. (2004) ; in this study, workers subjected stems to a sudden phloem blockage (via cooling), and then recorded sieve tube pressures up and downstream of the cold block. A steep transient increase of hydrostatic pressure was observed upstream of the cold block, but pressures returned to normal within two minutes. Th is result suggests a tight regulation of sieve tube pressure via changes in radial fl ows of water and solutes across the plasma membrane.
Th e living sieve tube may also respond to subtle changes in its environment. To further explore this idea, we observed patterns of PIP1 localization throughout a 24 h cycle. Given that aquaporin transcript abundance has been shown to fl uctuate on a diurnal cycle in Samanea saman leaves ( Moshelion et al., 2002 ) , it would follow that localization patterns could change as well to regulate conduit pressure. While we found no diurnal eff ect on the internalization of these aquaporins ( Fig. 5 ) , our results do not necessarily contradict the pressure homeostasis hypothesis.
It is possible that our standard confocal microscopy technique did not provide the necessary resolution to discern fi ne-scale traffi cking of water channels. Advanced detection methods such as fl uorescence resonance energy transfer (FRET) imaging ( Zelazny et al., 2007 ; Besserer et al., 2012 ) may enhance our view of intracellular location. Another complication is that localization patterns showed a high degree of variability, at both the tissue ( Fig. 1B ) and cellular level ( Fig. 4 ) . Previous reports indicate internalization of PIP1 due to salt ( Boursiac et al., 2005 ) and oxidative ( Boursiac et al., 2008 ) stress. Application of more extreme abiotic stresses than diurnal cycling may thus be used in future experiments to detect clear diff erences in immuno-localization patterns. However, diurnal changes in aquaporin localization and activity would be consistent with observed changes in phloem volume ( Windt et al., 2006 ) . Th e phloem expands at night, and contracts during the day ( Hölttä et al., 2006 ; Sevanto et al., 2011 ) , which corresponds to diurnal changes in modeled phloem turgor ( Mencuccini et al., 2013 ) and photo-assimilate concentration ( Mitchell and Madore, 1992 ) .
Why was the PIP2 signal exclusively found in sieve elements? -While we expected to fi nd aquaporin labeling in phloem cells of poplar based on previous reports ( Almeida-Rodriguez and Hacke, 2012 ; Laur and Hacke, 2014a ; Hacke and Laur, 2016 ) , we were surprised that PIP2s exclusively labeled sieve elements. Given that sieve elements and companion cells represent a functional unit and that the PIP2 transcripts must be produced in companion cells, one may wonder why these cells were not labeled? In apoplastic loaders, aquaporins in companion cells have been hypothesized to support the activity of sucrose pumps ( Schulz, 2015 ) by facilitating water movement into sieve elements. However, poplar is a symplastic loader ( Zhang et al., 2014 ) , having a continuous connection via plasmodesmata between mesophyll and sieve elements ( Russin and Evert, 1985 ) . Th us, it makes sense that the apoplastic loaders need an additional pressure boost from aquaporins to begin the fl ow of assimilates into the sieve tube conduit.
How is sucrose moved along in the prephloem pathway of a symplastic loading species? Schulz (2015) suggested that this process may be via bulk fl ow. Th is idea is supported by the calculations of Fricke (2017) who reasoned that plasmodesmata pores are large enough to sustain pressure driven fl ow, although this has not yet been tested. Alternatively, van Bel (2003) argued that immense pressures are needed to transport fl uids through narrow glass capillary tips, and that the pressure drop may be even greater when sap moves through even narrower plasmodesmata. Integrating our results into this quandary, we tentatively distinguish a symplastic high resistance pre-sieve element pathway in which sucrose and water diff use through plasmodesmata, and a low resistance, longerdistance pathway consisting of sieve tubes. Münch fl ow is restricted to sieve tubes; hence, it is here where water channels ought to contribute to maintaining favorable pressures.
CONCLUSIONS
Th e PIP2 water channels are a prominent feature of sieve tube plasma membranes, consistent with a role for aquaporins in regulating water exchange and promoting pressure homeostasis in sieve tubes. Th is may be particularly important in passive loaders, which may have less control over hydrostatic pressure via solute loading than apoplastic loaders. Th e PIP1 aquaporins oft en produced strong signals in internal membranes of sieve elements. We hypothesize that PIP1 proteins are traffi cking between internal membranes and the plasma membrane, allowing for dynamic changes in membrane permeability to control water exchange between sieve tubes and external tissues in response to changing conditions. Alternatively, PIP1s may be engaged in transporting molecules other than water.
